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Molecular insights on the crystalline cellulose-water
interfaces via three-dimensional atomic

force microscopy

Ayhan Yurtsever‘*, Pei-Xi Wanng, Fabio Priante3, Ygor Morais Jaques3, Keisuke Miyazawa1,
Mark J. MacLachlan?, Adam S. Foster'3, Takeshi Fukuma'*

Cellulose, a renewable structural biopolymer, is ubiquitous in nature and is the basic reinforcement component of
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the natural hierarchical structures of living plants, bacteria, and tunicates. However, a detailed picture of the crystal-
line cellulose surface at the molecular level is still unavailable. Here, using atomic force microscopy (AFM) and
molecular dynamics (MD) simulations, we revealed the molecular details of the cellulose chain arrangements on
the surfaces of individual cellulose nanocrystals (CNCs) in water. Furthermore, we visualized the three-dimensional
(3D) local arrangement of water molecules near the CNC surface using 3D AFM. AFM experiments and MD simula-
tions showed anisotropic water structuring, as determined by the surface topologies and exposed chemical moieties.
These findings provide important insights into our understanding of the interfacial interactions between CNCs
and water at the molecular level. This may allow the establishment of the structure-property relationship of CNCs

extracted from various biomass sources.

INTRODUCTION
Cellulose is an abundant and renewable resource produced by plants
as well as some bacteria, fungi, and tunicates (1). Its low toxicity,
biodegradability, excellent mechanical properties, and adaptable
surface chemistry make it attractive for producing diverse functional
nanomaterials (2-5). In the 1940s, Ranby (6, 7) demonstrated that
the treatment of biomass with sulfuric acid can yield nanocrystals
of cellulose, now called cellulose nanocrystals (CNCs). CNCs are
three-dimensional (3D) crystalline assemblages of individual cellulose
chains, formed through inter- and intramolecular hydrogen bonds
(HBs; Fig. 1, A and B). Notably, the size, crystal structure, degree of
crystallinity, and surface chemistry of CNCs depend on the biomass
source (such as cotton or wood), digestion conditions, and acid
used in the hydrolysis (8). Typically, CNCs are 2 to 30 nm in diam-
eter and several hundred nanometers long (1). The work of Rinby
went mostly unnoticed, but the field was revived in 1992 when Gray
and colleagues (9) found that CNCs form a chiral nematic liquid-
crystalline order in water. Over the past 25 years, the field of CNCs
has exploded (5, 10), and these fascinating rod-shaped nanomaterials
have been explored for a wide variety of applications, including
rheology modifiers (11), composite structures (12), drug delivery
(13), cell scaffolds (14), flexible organic electronics (15), tissue
engineering (16), and photonic materials (17), and as templates
for fabricating iridescent glass and other materials with chiral
structures (18).

Although the bulk properties of CNCs, including surface charge,
dimensions, chemical composition, thermal stability, and crystallinity,
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are easily measured (1), a detailed understanding of the surface
chemistry and structure of individual CNC particles is yet to be
achieved. The properties of cellulose-derived nanomaterials strongly
depend on the structural details of the exposed crystal planes. The
crystalline order and structure at the interface influence the interfacial
interactions between CNCs and other cellulosic nanomaterials and
affect the structure and percolating properties of the CNC-matrix
interface (19). Furthermore, chemistry involving cellulose takes place
in aqueous environments. Therefore, gaining an understanding of
the interfacial interactions of CNCs with other nanomaterials such as
other polysaccharides, polymer matrices, and biomolecules requires
probing the spatial distribution of 3D local hydration structures near
the cellulose-water interface (20). Although cellulose-water interac-
tions are important and have been extensively studied (21-24), no
experimental studies have explored the molecular-level 3D organi-
zation of hydration structures near the cellulose surface. The struc-
turing of water molecules at the interface is an essential factor in
determining the performance of composite nanomaterials and the
conversion efficiency of cellulose biomass into renewable energy
(10, 25, 26). The structural properties of interfacial water structur-
ing are considered effective in mediating the cholesteric ordering of
self-assembled CNCs (20). The molecular-level characterization of
the 3D local hydration structures at cellulose-water interfaces would
thus contribute to a better understanding of the liquid-crystalline
self-assembly of CNCs, which is of fundamental importance and
can provide a new route for creating functional nanomaterials with
tunable optical and mechanical properties (27).

Transmission electron microscopy (TEM) studies have revealed
a twisted structure of CNCs (28, 29), and under certain conditions,
they have provided cross-sectional shapes and the corresponding
lattice images of ultrathin sections of Valonia and tunicate micro-
fibrils (30-32). However, cross-sectional shapes of plant-based CNCs
are not yet available. On the other hand, atomic force microscopy
(AFM) has been used to image the size and shapes of CNCs in many
studies (33), providing data that corroborate the electron microscopy
data. Various groups have investigated the elastic properties of

10f12

2202 ‘20 JIBqueAoN Uo A1sIeAlun oleY e Bi10eous 05 mmmy/sdny wolj pepeojumoq


mailto:yurtsever@staff.kanazawa-u.ac.jp
mailto:fukuma@staff.kanazawa-u.ac.jp
mailto:fukuma@staff.kanazawa-u.ac.jp

SCIENCE ADVANCES | RESEARCH ARTICLE

200 300 400

Distance (nm)

100

100 200 300

Length (nm)

400 500

7 8 9 10 11 12
Height (nm)

Fig. 1. Structural overview of a CNC. (A) Chemical structure of cellulose and the repeating unit cellobiose are illustrated. (B) Representation of unit cell of cellulose I
structure. Carbon, oxygen, and hydrogen atoms are represented by cyan, red, and white colors, respectively. (C) AFM topography image showing the quasi-rod-shaped
nanostructure of CNCs immobilized on an APTES-modified mica substrate with lengths in the range of 75 to 500 nm. In addition to individual CNCs, some laterally associated
CNC particles represented by white arrows can also be seen. (D) A representative line profile (averaged) taken along the white dashed line shown in (C). (E) Length distri-
bution histogram of CNC with a lognormal fit. (F) Height distribution histogram of CNC with a lognormal fit.

wood- and tunicate-derived CNCs (34, 35). The chiral characteristics
of various CNCs with different dimensions and compositions have
been studied using AFM (28, 36). Real-time visualization of single-
molecule adsorption dynamics, activities of individual proteins,
and degradation of crystalline cellulose by cellulase enzymes have
been imaged using AFM (37, 38). In the late 1990s, Baker, Miles,
and co-workers (39-41) applied high-resolution AFM to the surface
of microcrystalline cellulose extracted from Valonia ventricosa, a
green alga known to have highly crystalline cellulose. They success-
fully identified the cellulose structure on the surface of the fibers and
correlated it with the known structures of cellulose I,. Hanley et al.
(36) obtained TEM and AFM images of Micrasterias denticulata
cellulose microfibrils. These studies have substantially contributed
to our understanding of the crystalline structure of native cellulose.
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To date, atomic/molecular-resolution images of plant-based CNCs
have not been reported, although they will be of great interest to
researchers investigating CNCs. The smaller size, lower crystallinity,
and inhomogeneous nature of CNCs compared to the microfibers
of Valonia, having large cross-sectional dimensions and a high de-
gree of crystallinity and purity, present a considerable challenge
for detailed AFM studies.

Here, we provide molecular-scale structural details of cellulose
chain arrangements on the surfaces of individual CNCs derived
from coconut gels (bacterial cellulose, also known as nata-de-coco),
using AFM in water. Molecularly resolved AFM images acquired
on an individual CNC-water interface revealed periodicities along
the cellulose chain axis, corresponding to the cellobiose repeti-
tion and glucose interval. High-resolution AFM images revealed the

20f12

2202 ‘20 JIBqueAoN Uo A1sIeAlun oleY e Bi10eous 05 mmmy/sdny wolj pepeojumoq



SCIENCE ADVANCES | RESEARCH ARTICLE

presence of domains with triclinic organization of molecular chains,
corroborating the triclinic I, crystalline structure of the surface.
Moreover, the organization of water molecules near different crys-
talline facets of CNCs was characterized using 3D AFM combined
with molecular dynamics (MD) simulations. We found that the
laterally structured water layers followed the rugged contours of
the underlying cellulose surface, displaying a distinct hydration pat-
tern due to the specific arrangement of surface functional groups.
The observed anisotropy and differences between the different crys-
talline interfaces reflect the dual hydrophilic and lipophilic behavior
of CNCs and affect their mechanical, intermolecular, and interfacial
properties. These studies elucidate the supramolecular structure of
the CNCs, and the disorder present in individual fibers, and provide
a better understanding of the interfacial interactions between CNCs
and water at the molecular level. The specific solvation structures
formed at the interfaces may influence the reactivity in the chemical
and enzymatic hydrolysis of lignocellulosic biomass and other nat-
ural polysaccharides and contribute to the slowing of the reaction
rate in cellulose conversion processes over time, as has been experi-
mentally observed (42). Overall, these findings will be valuable for
researchers in diverse fields, such as soft matter physics and sustain-
able biomaterials, as well as for fundamental science in understand-
ing water structuring on biopolymer surfaces with hydrophobic and
hydrophilic domains, such as protein- and peptide-based structural
biopolymers.

RESULTS

Structural characterization of CNCs

A typical AFM image of CNCs immobilized on a 3-aminopropyl-
triethoxysilane (APTES)-modified mica substrate, acquired in water,
is shown in Fig. 1C. The AFM images collected from various sam-
ples confirmed that the pristine CNCs displayed a quasi-rod-like
morphology with ~20-nm width and 75- to 500-nm length (as seen
from the representative line profile in Fig. 1D), which agrees with
the average CNC diameter determined previously from TEM and
AFM measurements (43). However, owing to the well-known tip-
broadening effects, the apparent width of the CNCs was relatively
larger than the actual value. The width of the CNCs was determined
from their height measurements, to avoid tip-broadening effects on
the width measurements. The AFM height and length distribution
histograms of the CNC fibers with lognormal fits are shown in
Fig. 1 (E and F). The average height of the CNC fibers on APTES-
modified mica substrate was found to be ~7.0 + 1.5 nm, which is in
line with the previous AFM studies (44, 45), after incorporating the
tip-broadening effects. The length of the CNCs was found to be 75 to
500 nm with a mean value of 196.8 nm. In addition to the isolated
CNC fibers, small agglomerates arranged in a side-by-side fashion
were also observed (some of them are marked by white arrows),
similar to the results obtained in several other studies (33). The for-
mation of these CNC aggregates and bundles has been explained by
the reduction in the charge density of CNC particles during the acid
hydrolysis process (28, 46). The colloidal stability of the CNCs was
mainly provided by the negatively charged sulfate groups introduced
on the crystal surface, which resulted from the substitution of some
of the surface hydroxyl groups by sulfate ions. The reduced charges
on the CNC surfaces due to the incomplete hydrolysis process make
them prone to flocculation. Contrary to the model structures with
sharp edges, and square or hexagonal profiles, the individual CNC
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fibers exhibit a smooth and round cross-sectional shape owing to
the tip convolution effect (Fig. 1C and figs. S1 to S4).

The structural defects present on some CNC surfaces were also
identified as breaks in the continuity of the cellulose chains in cer-
tain regions with irregular intervals along the axis of the CNC fiber
(Fig. 2). The white arrows in Fig. 2A indicate the areas where some
darker patches ~8 to 10 nm wide running across the CNC fibers can
be seen (Fig. 2B). These darker regions (apparently 1 nm deep) be-
tween the bright domains are attributed to the presence of structural
defects existing in the low-ordered amorphous domains of the
CNCs because of the inadequate hydrolysis process, or probably
due to imperfect association of protofibrils to form microfibrils.
Although the acid hydrolysis of cellulosic feedstocks was expected
to obliterate the amorphous region or noncellulosic contents of the
CNC particles (1, 8), leaving only the crystalline part, this result indi-
cates that the noncrystalline phase is still present in some CNC par-
ticles. However, the possibility of the degradation of CNCs by water
could not be excluded. The existence of a different type of defect is
demonstrated in Fig. 2C, where, in addition to a well-ordered periodic
structure (red arrows), a disordered domain with bright diffusive
protruding features (apparently 0.5 nm high) appears on the CNC
surface (Fig. 2D). These features are thought to be due to unstable
hydration structures or hydrolyzed surface products (see discussion
below). While the x-ray and neutron diffraction techniques provide
valuable structural information about the crystalline regions, they
often provide less information about the amorphous domains.

High-resolution imaging of the ordered (crystalline) and dis-
ordered (amorphous) regions in the same CNC fiber was success-
fully performed. A high-resolution image of the ordered domain is
shown in Fig. 2E. In addition to resolving the individual cellulose
chains, a series of periodic features aligned perpendicular to the
long crystallographic molecular axis can be observed on individual
CNCs (red arrows in Fig. 2, F and G). An interval of 1.05 nm was
determined from the 2D-fast Fourier transform (FFT) spectra and
the line profile analysis (Fig. 2H), which is similar to that previously
observed for highly crystalline Valonia celluloses with large cross-
sectional profiles (39, 40, 45). On the basis of the comparison of the
Connolly surfaces of the different crystalline planes, the observed
surface features along the chain axis were previously attributed to
the topographic difference between the hydroxymethyl groups
exposed on the O5-C5 face of the glucose ring (Fig. 1A) due to the
twofold screw symmetry of the cellulose chain. Nevertheless, it is
important to note that AFM images obtained in liquids are a convo-
lution of the surface topographic features and hydration layers (47).
As detailed in the next section, we found that the underlying cellulose
crystalline planes template the lateral molecular arrangement of the
interfacial water molecules according to their molecular structures.
Thus, the interfacial water structures represent the symmetry of the
underlying cellulose nanostructures. We found that the cellobiose
repeat interval was more likely to be resolved in high-resolution
AFM images along the chain direction, which is in line with a pre-
vious study (40). Further examples from different samples are pre-
sented in figs. S4 (D and F) and S5B, which exemplify the cases in
which both the cellobiose and glucose repeating units were resolved
along the chain direction.

AFM images collected on various CNC surfaces exhibited distinct
surface morphologies. On some CNC surfaces, the molecular chains
were observed to be well ordered and stable, whereas the other sites
were observed to fluctuate, showing no features. In some cases, the
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Fig. 2. Observation of structural defects. (A) AFM image of CNCs showing the presence of vertically aligned dark patches (indicated by white arrows) distributed at
irregular intervals along the length of a CNC fiber. The dark region between the bright domains represents the structural defects that remained after acid hydrolysis
treatment. (B) Representative line profile plotted along the white dashed line shown in (A), indicating a depression of approximately 1 nm over the amorphous domain
with approximately 10-nm width. (C) High-resolution AFM image showing a different type of surface defect with bright diffusive appearance (marked by black arrows).
(D) Line profile plotted along the black dashed line shown in (C). (E) High-resolution AFM image acquired over the crystalline domains, showing the well-ordered cellulose
chain arrangements at the surface. (F and G) Enlarged images of the blue- and red-framed regions shown in (E), respectively. (H) Line profile taken along the cellulose
chain axis [white dashed line in (E)] further confirms the presence of an interval of 1.05 nm, corresponding to the cellobiose repeat unit. The arrowhead represents the

direction of cellulose molecular chains on the image.

chains appeared to be less ordered (fig. S1). There are several possible
explanations for this observation. The molecular mobility on the
CNC surface in contact with water and the changes in the surface
hydroxymethyl, sulfate, and OH group conformations induced by
the interaction with water molecules might have led to the observed
differences in the surface morphology. Previous evidence indicated
that the surface chains of hydrated CNC particles are more mobile
than the interior chains (48, 49). MD simulations and solid-state
nuclear magnetic resonance measurements have demonstrated that
the presence of water interactions with the CNC surfaces induces
additional disorder in the surface glucose chains, and this disorder
expands toward the core of the cellulose fiber (50). The existence of
different crystallographic planes and crystalline phases (i.e., I, versus
I), which might have different interaction affinities with water, might
also be the reason for the observed differences in the morphology of
CNC particles in the high-resolution images. The different charac-
teristics of the interactions at the interface may only result in stable
hydration layer structures in specific domains. Cellulose microfibrils
have different hydrophobic and hydrophilic surfaces with distinct
abilities to form HBs (1, 51). Moreover, the relative strength of the
interaction between water and the different surface structures can
lead to regions of apparent instability, resulting in the appearance of
fluctuating features in some AFM images (Fig. 2C and figs. S1 and S2).

Our results indicate that the size of the crystalline domains per-
pendicular to the chain direction was relatively small compared to
those in the axial chain direction. The absence of long-range crystallo-
graphic ordering in the lateral direction, also observed in other
studies, confirms that cellulose chains on the outer surface are gen-
erally less ordered than those in the interior region (45, 52). The
dynamic changes occurring at the CNC surfaces in contact with
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water, combined with the poor crystallographic ordering in the
direction perpendicular to the chain axis, make it challenging to
obtain high-resolution structural details over a large surface area.

To further examine the structural details of the CNC-water
interfaces, we performed localized AFM observations on an indi-
vidual CNC surface. A representative AFM topography image of a
part of an individual CNC fiber with large crystalline domains is
presented in Fig. 3A, revealing the coexistence of two different
molecular arrangements at the crystal-water interfaces. This implies
that the native cellulose NCs exhibit heterogeneous crystalline
structures. The molecularly resolved AFM image (on the left side of
the surface) revealed the details of the molecular organization at the
interface, showing honeycomb or zigzag chain arrangements, along
with the protruding structural features between the zigzag patterns
(marked with the white dashed circle and oval in Fig. 3B). The line
profile along the white dashed line in Fig. 3B is shown in Fig. 3C. The
FFT pattern obtained from the image data in Fig. 3B is shown in
Fig. 3D, providing the periodicities of prominent surface features.
Two spacings can be identified from the FFT spectra and line pro-
file analysis along the chain axis (Fig. 3, C and D), the 0.54- and
1.09-nm periodicities, closely matching the glucose interval (0.52 nm)
and cellobiose repeat distance (1.04 nm), respectively.

A close inspection of the AFM images in Fig. 3 (A, B, and E)
further indicates that the neighboring cellulose chains are displaced
only in one direction. There is also a pattern of bright protruding
molecular features (marked with white dashed circles) aligned diag-
onally to the cellulose molecular axis at an angle of 67°, suggesting
that the cellulose I, phase was resolved at the interface. It has been
well established that naturally occurring cellulose can exist in
two distinct crystalline allomorphs: the one-chain triclinic I, and the
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Fig. 3. Molecular-resolution image of the CNC-water interface. (A) High-resolution AFM topography image of an individual CNC surface, revealing the details of the
molecular organization at the interface. The different arrangements of chains over the surface can be seen. The arrowhead represents the direction of cellulose molecular
chains. (B) Enlarged AFM image of the region highlighted in a black dashed frame in (A), showing the honeycomb arrangement of cellulose chains at the interface. (C) A
representative line profile (averaged) taken along the white dashed line marked in (B). (D) The 2D-FFT pattern taken from the image data in (B) highlights the prominent
surface periodicities. (E) The reconstructed image of the surface in (B), obtained by executing inverse 2D-FFT spectra. Zigzag molecular arrangements of cellulose chains

can be seen.

two-chain monoclinic Ig (53). The relative proportions of these two
distinct crystalline structures (i.e., I,/Ig) vary with biomass source
(53). Although there is limited consensus on the I,/Ig ratio, the
celluloses obtained from algae and bacteria are generally rich in the
I, phase (54, 55), whereas those obtained from the higher woody
plants generally contain a high fraction of the Iy phase (56). These
two crystalline forms differ in their hydrogen-bonding patterns, but
both have the same repeat distance. In the case of the I phase, the
neighboring sheets of cellulose were displaced alternately from each
other by a quarter of the unit cell in the ¢ direction. This differs from
the I, phase, where the neighboring chains are displaced regularly
in one direction, exhibiting a diagonally shifted pattern in the high-
resolution AFM images (Fig. 3 and fig. S6A). This is in agreement
with the fact that CNCs derived from coconut gels exhibit bacterial
cellulose characteristics. They are slightly different from plant-
derived CNCs.

3D-AFM characterization of hydration structures at
CNC-water interfaces

We performed 3D-AFM force measurements on a selected CNC
surface with typical dimensions of 12 nm by 12 nm by 3 nm (128 x
128 x 256 pixels) to characterize the local 3D water-molecular
arrangements at the cellulose-water interfaces in more detail (see
Materials and Methods for further details). 3D AFM has been
previously applied to characterize the interfacial solvation structures
and properties of various surfaces/interfaces with submolecular
spatial resolution, including the spatial distribution of ions (57-62).
However, in the past, 3D-AFM measurements were performed mainly
on stable and atomically flat surfaces. The molecular-level character-
ization of hydration structures above the curved surfaces with irregular
shapes and heterogeneous chemistries is challenging because the
observed particles are often displaced on the surface during 3D-AFM
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force measurements using a relatively stiff AFM cantilever, which is
required to penetrate the hydration shells and characterize their
molecular structures.

A schematic drawing in Fig. 4A illustrates the 3D-AFM force
mapping experiment on a solid substrate and a description of the
2D xz and xy planes in the 3D map. A typical 3D-AFM image of the
cellulose-water interface is presented in Fig. 4 (B and C), showing
the variations in Af of an oscillating AFM cantilever in the 3D inter-
facial space. The resulting 3D map shows a well-ordered water struc-
ture in the vicinity and across the entire xy crystalline plane of the
CNC surfaces. The overlaid vertical 2D Af maps represent structurally
ordered water layers along both perpendicular and parallel directions
to the cellulose molecular axis. The horizontal 2D Af maps recon-
structed from the 3D map at the vertical positions marked with
black, blue, and red arrows in Fig. 4G are presented in Fig. 4 (D to F),
respectively. These 2D Af slices reflect the in-plane organization of
structured water molecules in the hydration layers near the cellulose
surface. A contrast inversion of the hydration pattern occurred,
moving from a closer to a relatively further distance from the cellulose
surface. The hydration structure with bright, extended, and pro-
truding molecular features changed into a pattern with dark-contrast
depression. A honeycomb arrangement of interfacial water mole-
cules was evident in the upper-right part of the image (Fig. 4F).

The vertical 2D Af slices obtained through the AB-z, CD-z, and
EF-z planes for different lateral trajectories are displayed in Fig. 4
(G to I). The vertical 2D Af maps show undulating hydration
profiles with bright and extended hydration features closer to the
cellulose surface (marked with blue dashed ellipses), followed by a
pattern of empty gaps (white dashed ellipses). The periodicity of the
molecular features (marked with dashed blue ellipses in Fig. 4G)
aligned along the chain axis was approximately 1.08 nm, closely
matching the fiber repeat distance of 1.04 nm.
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Fig. 4. A representative 3D-AFM image of the cellulose-water interface. (A) lllustration of 3D-AFM principle and a description of the 2D xz and xy slices in the 3D map.
(B) 3D-AFM image of the cellulose-water interface acquired over the CNC surface shown in Fig. 3A. The 3D map indicates the variations of Af of the oscillating cantilever
in the 3D interfacial space. The red arrows indicate the ordered layer of water molecules at the interface. (C) Top view of the interface. (D to F) Horizontal 2D xy Af maps
of the cellulose-water interface extracted from the 3D volume map at the vertical z positions marked by black, blue, and red arrows in (G). A pronounced ordering of
water molecules can be seen here. (G to I) Vertical 2D xz Af maps of the cellulose-water interface taken along the dashed lines marked in (E). The force mapping area has
a dimension of 12 nm by 12 nm and is divided into grids of 256 x 256 pixels. The frequency and amplitude of the zmodulation signal during 3D-AFM force mapping were

195.3 Hz and 3 nm, respectively.

We found that the 3D-AFM maps of cellulose-water interfaces
taken from different crystalline surfaces showed inhomogeneous
water structuring exhibiting different hydration patterns, distribu-
tions, and stabilities. These reflect the dual amphiphilic character of
the cellulose surface with varying molecular chain arrangements
and packing with different hydrogen-bonding abilities (figs. S3 to S7).
In addition to a well-ordered hydration structure (see Figs. 3 and 4
and figs. S3, D and E; $4, E, F, and H; and S7, B and C), a disordered
and fluctuating hydration feature was also observed in some regions
of the CNC surface (framed areas in figs. S3F and S4G). This might
be caused by instabilities in the hydration layer, suggesting that
water molecules cannot form strongly localized hydration structures
in certain domains or crystalline planes.

We performed MD simulations to provide a molecular-level
understanding of the observed organization of water molecules near
the different crystalline interfaces of the CNCs (Fig. 5). Various mo-
lecular models of the structure of elementary fibrils have been pro-
posed for CNCs from higher plants (63, 64). These include 18-chain,
24-chain, and 36-chain models with hexagonal, diamond, and
rectangular cross sections with multiple surfaces. The CNC struc-
tures were built with a hexagonal shape, as suggested by Ding and
Himmel (64), where the (100), (010), and (110) surface facets were
exposed as hydrophilic and hydrophobic planes, respectively (52).
MD simulations were performed on a model of I, CNCs constructed
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by hexagonal arrangements of 36 chains organized into eight layers
(Fig. 5, A to C). The 3D water-oxygen density distribution around
the different crystalline planes of the hexagonal-shaped CNC is
shown in Fig. 5D. The resulting MD simulations revealed that the
cellulose crystalline planes highly structure the water molecules in
their contact, yielding an intricate 3D structural ordering at the inter-
face with water molecules confined with increased density at specific
surface regions. The crystalline planes labeled with numbers (1),
(2), and (3) exhibited distinctly different water density distributions
because of the heterogeneous nature of their surface topology and
chemistry, displaying numerous OH groups with different polarities,
including exposed CH and OH chemical moieties (Fig. 5, D and E,
and figs. S8 to S10). This highly anisotropic water structuring extends
by about 0.8 nm from the surface into the bulk water, as can be evi-
denced by the averaged 1D water-oxygen density profile (Fig. 5F). It
should be noted that the solvent density distributions of the diamet-
rically opposed planes of the crystal mirror each other, showing
identical molecular patterns.

To provide further insight into the water structuring at each of
these interfaces, we calculated planar 2D water-oxygen density dis-
tributions, as shown in Fig. 5 (G to I). The white and red arrows in
Fig. 5E indicate the vertical positions where the horizontal 2D xy
density maps were extracted from the 3D density distribution data.
The water-oxygen density distributions above the crystalline plane
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Fig. 5. Simulated water-density distribution around different crystalline planes of a CNC surface. (A) A 36-chain microfibril model of cellulose |, crystalline structure
with a hexagonal shape generated with Cellulose Builder software, displaying different crystallographic planes. (B) A longitudinal view of parallel sheets of cellulose
chains. Each molecular sheet is shifted along the c axis by + c¢/4. (C) An MD snapshot of CNC in water. The c axis is perpendicular to the image plane. (D) 3D simulated
water oxygen density map around a hexagonal-shaped CNC with crystalline planes labeled. (E) Averaged vertical 2D density map of water oxygen atoms above the (010)
crystalline plane, taken through zx plane along the perpendicular direction to the chain axis. (F) Averaged 1D water density profile along the surface normal. (G) Averaged
2D horizontal water density map, revealing the zigzag nature of the in-plane arrangement of water molecules near the crystal surface. (H and I) 2D horizontal water density
slices extracted from the 3D map at the vertical positions marked with white and red arrows in (E), respectively. (J and K) 2D vertical water density maps extracted from
the 3D maps, taken along the dashed red and white lines in (G), respectively. (L and M) Experimentally obtained vertical and horizontal 2D Af maps of the cellulose-water
interface, respectively.

labeled as number 2 agree with the experimentally observed hydra-
tion structures (Figs. 3 and 4). In particular, the observed zigzag or
honeycomb-like molecular patterns were well reproduced by the
simulated 2D in-plane density distributions of the water oxygen atoms
at the (010) crystalline interface (Fig. 5, G and H), where the highly
confined water molecules were organized into a zigzag pattern
aligned along the cellulose molecular axis. The hydration features
appearing between the zigzag patterns (marked with dashed white

Yurtsever et al., Sci. Adv. 8, eabq0160 (2022) 14 October 2022

ellipses in Fig. 3, B and E) are also consistent with the MD simula-
tions (Fig. 5H). Figure 5 (H and I) demonstrates the evolution of the
2D in-plane molecular organizations of water oxygens through the
hydration layers when moving from a vertical distance of z= 0.3 to
z=0.2 nm (Fig. 5, H and I). In line with the 3D-AFM measurements,
we found that the zigzag water density pattern changed to diagonally
aligned, extended protruding features that appeared at a vertical dis-
tance relatively closer to the cellulose surface (Fig. 5I). This molecular
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arrangement of water is consistent with the observed bright pro-
truding molecular features, as shown in the 2D planar Af maps in
Figs. 4 (D and E) and 5M. The appearance of honeycomb or zigzag
arrangements of hydration structures relatively far from the cellulose
surface is evident from the horizontal 2D Af maps in Figs. 3 (B and E)
and 4F, which agrees with the 2D density distribution data shown in
Fig. 5 (G and H).

To gain further insight into the interfacial water structuring, we
examined in detail the vertical organization of water molecules above
the crystalline plane labeled with number 2. Figure 5E shows the
averaged calculated vertical 2D density map of water oxygen atoms
reconstructed from the 3D density map along the direction perpen-
dicular to the cellulose molecular axis. The resulting vertical water
density profile closely followed the rugged contours of the surface
molecular corrugations (fig. S8, E and F), resulting in pronounced
patterning of water molecules that exhibit an undulating appearance,
similar to the experimentally observed 2D vertical Af map (Fig. 5L
and fig. S5F). Notably, although the vertical water density profile
determined over the crystalline plane labeled with number 1 yielded
very similar water structuring to that of the crystalline plane 2
(Fig. 5, J and K, and fig. S10, F and G), substantial differences were
observed in the spatial distribution of water molecules in the lateral
xy plane (fig. S10). A detailed comparison of the simulated 2D
horizontal and vertical water oxygen density distributions above the
other crystalline planes is provided in figs. S9 and S10.

To better understand the water structuring above the CNC surface,
we performed an HB analysis. We determined the average number
of HBs formed between the water molecules at the interface and the
possible sites on the crystalline cellulose surface (Fig. 6A). The most
significant HBs were detected between the water molecules and the
cellulose hydroxyl groups present in the hydroxymethyl groups
(labeled O11 in Fig. 6B). Thus, the in-plane organization of water
molecules and their extension from the substrate are mainly deter-
mined by the specific surface arrangement of OH groups and their
accessibility for hydrogen-bonding interactions with water molecules.
The crystalline planes with higher molecular corrugation and wider
grooves have stronger interactions with the surrounding water mol-
ecules (51), thus allowing better water structuring due to increased

hydrogen bonding capability. As can be inferred from a comparison
of the molecular structure of the underlying crystalline plane with
the water density distribution (fig. S8, D to F), the water molecules
approach the crystal surface either above the surface sites between
the cellulose chains or through the surface grooves and can engage
in the formation of HBs with the exposed surface OH groups present
in the cellulose chains.

On the basis of the density distribution data in Fig. 5 and the
HBs analyzed from the MD trajectories (Fig. 6), we conclude that
the regions marked with red dashed ovals in the vertical 2D Af maps
(Fig. 4, G to I) are associated with the areas where the interfacial
water molecules form HBs with the OH groups on the cellulose
chains, and the regions with darker contrast (highlighted with white
dashed ellipses) between these regions represent the regions where
no HBs are formed between the water molecules and the surface
hydroxyl or other nearby functional groups.

DISCUSSION
We performed 3D-AFM experiments and MD simulations to char-
acterize the structure of the crystalline cellulose-water interfaces.
Surface structural defects associated with the amorphous regions of
cellulose were identified on a single CNC fiber, which consists of
crystalline domains interspersed with disordered regions distributed
at irregular intervals along its length. Characterizing these nanoscale
imperfections at the single-CNC fiber level is essential for developing
processes for deconstructing cellulose to produce renewable nano-
materials relevant to energy, biofuels, and other biochemical products.
The 3D-AFM experiments combined with the MD simulations
revealed that the interaction of water molecules with the CNC sur-
face led to substantial structuring of the interface. The substantial
differences observed in the molecular details of water structuring at
different interfaces, as revealed by AFM experiments and water-
oxygen density distributions determined by MD simulations, reflect
the heterogeneous nature of the interactions between CNCs and
water at the molecular level. The inhomogeneous existence of
these structured water layers on different crystalline planes may
affect the CNC surface adsorption and interaction behavior; thus,
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Fig. 6. HB analysis. (A) HB analysis between the possible cellulose sites and water molecules, showing the distribution of the number of HBs. (B) Atomic structures of
cellulose chain and water with the respective atomic labels used in the HB analysis. Cellulose and water molecules are displayed in a ball-and-stick model. Many HBs
were detected between water molecules and cellulose hydroxyl groups located in hydroxymethyl groups.
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the degradation of cellulose by cellulose-degrading enzymes could
be affected differently. The facet-dependent hydration structures at
the interface might also affect the reactivity of the CNC surface
against molecular adsorption, diffusion, and chemical reactions. On
the basis of the results of the MD simulations, it has been hypothesized
(21) that these hydration layers might act as kinetic barriers and pre-
clude the approach of enzymes/proteins and other biomolecules to
cellulose surfaces. They may also block the escape routes of the hy-
drolysis products from the interface and contribute to the slowing of
the reaction rate in cellulose conversion processes over time (42). The
3D spatial organization of water molecules at the interface is thus an
essential factor for understanding and modeling hydrolysis kinetics.
On the other hand, the formation of percolating CNC networks
has been reported to improve the mechanical properties of composite
nanomaterials (19). These rigid percolated networks formed between
CNCs exhibit stimuli-responsive mechanical properties (19, 65).
Anisotropic water structuring at different crystalline interfaces can
modulate the percolated networks among CNCs and promote
stimuli-responsive behavior in hybrid systems involving CNCs.
Characterization of CNC surfaces with molecular-scale spatial
resolution is crucial for understanding their structural properties.
This is also important for the control and design of new cellulose-
based functional materials (66). Furthermore, detailed characteriza-
tion of the 3D local hydration structures and their spatial distribution
around the different surfaces of CNCs with molecular resolution
would contribute to a better understanding of the degradation pro-
cesses (26). Overall, our findings will contribute toward elucidating
the structure-property relationships occurring at the surfaces of CNCs
and enhance our understanding of their recalcitrance to enzymatic
and chemical hydrolysis. The present study represents an essential
step toward understanding the mechanisms of CNC degradation,
which is crucial for biomass conversion, with relevance to renew-
able nanomaterials and chemical production. Moreover, this work
demonstrates the capabilities of 3D AFM to provide molecular resolu-
tion of complex biomaterial interfaces with water, where small-
amplitude measurements allow for detailed characterization of the
hydration structures around even 3D nanostructures (67, 68).

MATERIALS AND METHODS

Preparation of CNCs

The CNCs used here were prepared by sulfuric acid hydrolysis of
native cellulose from coconut gels, following the procedure described
in (69). The use of sulfuric acid in the hydrolysis process can esterify
the hydroxyl (OH) groups of cellulose with sulfate groups, intro-
ducing negatively charged sulfate ester (-OSO;3") groups onto the
CNC surfaces, which can improve the colloidal stability of CNCs
due to electrostatic double-layer repulsion. Partial substitution of
0OSO05™ groups occurred over the C6-OH groups exposed on crystalline
cellulose surfaces (Fig. 1A). To prepare aqueous suspensions of CNCs,
an aqueous suspension of CNCs [3.35 weight % (wt%)] was first
diluted to a concentration of 0.008 wt% in Milli-Q water. The sus-
pension was then sonicated using an ultrasonic homogenizer (Mitsui,
3-mm diameter tip, maximum power of 500 W) to disintegrate the
cellulose fragments. The samples were placed in an ice bath to prevent
excessive heating during the sonication process and were sonicated
thrice for 3 min. The CNCs used in AFM studies were prepared
by placing a few drops of dilute CNC suspension (100 ul) onto a
freshly cleaved mica substrate previously exposed to APTES vapors

Yurtsever et al., Sci. Adv. 8, eabq0160 (2022) 14 October 2022

(to reverse the surface charge of mica) for 15 min in a vacuum desic-
cator. After the 15-min incubation of the CNC suspension, the sub-
strate was rinsed several times with Milli-Q water to further lower
the concentration of CNCs and remove the unbound CNC entities.
A brief sonication process was performed before the CNC suspen-
sion was placed on a freshly prepared APTES-modified mica substrate
to prevent the formation of CNC aggregates. We also used poly-L-
lysine-coated mica for AFM observations.

A glass container containing 30 ul of APTES solution was placed
at the bottom of the desiccator, and a freshly cleaved mica substrate
was mounted on a plastic tray 5 cm above. Silanization was performed
under an APTES atmosphere for approximately 25 min. The APTES-
modified sample was stored in a desiccator overnight and later used
for AFM observations.

Frequency modulation AFM experiments
The experiments were carried out with a custom-built frequency
modulation AFM system operating in liquid environments and
equipped with an ultralow-noise cantilever deflection sensor (70).
The oscillation of the cantilever was driven by photothermal exci-
tation. The AFM scanning process was controlled using a commercial
SPM controller (ARC2, Asylum Research). A constant cantilever
oscillation amplitude was maintained by adjusting the excitation
signal amplitude using a commercially available controller (OC4,
SPECS). The AFM was operated in the constant frequency shift (Af)
mode, where the tip-sample distance was adjusted such that Af was
kept constant. AFM image data were acquired using a commercially
available silicon cantilever (160 AC-NG, OPUS) with a nominal
spring constant of 25 N/m. The nominal apex radius of the Si tip
was ~7 nm. The cantilever spring constants were calibrated using
the thermal noise method after each experiment. AFM image pro-
cessing and analysis were performed using WSxM image analysis
software (71). The raw AFM data were postprocessed by flattening
and plane-fitting to eliminate background tilt where necessary. The
scanning parameters, including the scan angle, imaging set point, and
rate, were varied to obtain the optimum contrast of the surface fea-
tures in the AFM images. We realized that the interface structural
features were best resolved when the CNC molecular axis was ori-
ented parallel to the probe fast-scan direction or at an angle of 45°.
Following the procedures described in (72), we performed 3D-AFM
force mapping experiments to characterize the 3D hydration struc-
tures near the CNC surface. The 3D Af maps of the cellulose-water
interfaces were obtained using a homemade 3D-AFM system (73),
where a fast sinusoidal signal was additionally applied to the z-piezo
to control the tip’s z position during image acquisition and force
mapping. The applied z-piezo signal was synchronized with the lateral
xy scans of the tip, where Af was recorded for each tip position, while
the average tip-sample distance was regulated so that the average
value of the Af set point was kept constant. A 3D-Af map covering
an area of (5 to 12) nm by (5 to 12) nm was acquired by real-time
recording of Af with respect to the tip positions in the 3D interfacial
space at the interface between the cellulose NC and water. The typical
resolution of the 3D Af datasets was 128 x 128 pixels laterally and
256 pixels vertically, before data processing. The cantilever oscillation
amplitudes were set in the range of 0.1 to 0.25 nm (smaller than the size
of a water molecule) to resolve the distribution of local hydration layers.
The maxima in the Af shifts were interpreted as the maxima in the
water density distribution based on the solvent tip approximation
(STA) (74). Thus, the observed features in the solvation layers found
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in the 2D/3D Af maps are related to changes in water density. The
force map derived from the STA model showed hydration features
that were almost identical to those of the water density maps (fig.
S11). A comparison of the vertical 2D Af map and the 2D force map
is shown in fig. S12. The similarity of the force and Af map is
evident, thus validating that the water oxygen density maps can, in
principle, be directly compared with the Af maps for interpreting
the observed hydration structures near the CNC surfaces (see Sup-
plementary Text for further discussion). The validity of this ap-
proach has been demonstrated for different solid-liquid interfaces
(57, 58, 74). For the particular case of heterogeneous surfaces, earlier
studies on these systems demonstrated that the AFM contrast re-
mains dominated by the first hydration layer (75).

Computational details

The cellulose structure and topology were obtained using the
“Cellulose-builder” computational toolkit developed in (76), which
uses the CHARMM 36 force field. Following the model proposed by
Ding and Himmel (64), a 36-chain, hexagonal-shaped cellulose-I,,
nanocrystal was assembled and repeated three times along the z direc-
tion. Periodic boundary conditions were imposed along the z direc-
tion to make the crystal infinitely long. The I, structure was obtained
from the x-ray crystallographic data determined by Nishiyama et al.
(77). The CNC structure was solvated using Packmol (78) in a sim-
ulation box with dimensions of 26.65 nm by 26.42 nm by 3.15 nm,
periodically repeating in all directions to simulate an infinite CNC.
The system consisted of 30,048 atoms in total (6048 atoms for cellu-
lose and 24,000 for water). The MD simulations were carried out
using the LAMMPS package (79), and the input files for LAMMPS
were prepared using Moltemplate (80). We used the CHARMM36
force field with the TIP3P water model to describe the cellulose inter-
atomic interactions and capture cellulose-water interactions. The
system was equilibrated for 4 ns, using an integration time step of 1 fs.
The production run was carried out in the isochoric-isothermal (NVT)
ensemble for 10 ns using a Nosé-Hoover thermostat with T =
300 K and a damping parameter t = 0.1 ps. Lennard-Jones inter-
actions were computed with a 9-A cutoff, whereas for the elec-
trostatic interactions, the particle-particle-particle mesh solver (81)
was used using a 12-A cutoff for real-space electrostatics, with an ac-
curacy of 107, HB analyses were performed using the MDAnalysis
software (82). The criteria used for identifying HBs were a max-
imum distance of 0.35 nm between water-oxygen and cellulose-
oxygens and a donor-hydrogen-acceptor angle of 100°. Last,
water-oxygen densities were extracted using MDAnalysis, using a 0.1-A
grid spacing and a total of 1000 frames, each sampled every 10 ps
during the production run. Water density was computed for the
MD trajectory and then averaged for each crystal plane in the lat-
eral and vertical directions.

SUPPLEMENTARY MATERIALS

Supplementary material for this article is available at https://science.org/doi/10.1126/
sciadv.abq0160
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